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Abstract: This paper reviews some of the most common surface modification approaches in biosensing based on self-assembled monolayers 
with a particular focus on Au film thiolation and SiO2 film silanization. Such approaches are routinely used to alter the materials’ surface 
properties towards a desired bioresponse. Furthermore, the most appropriate characterization methods towards ensuring successful surface 
modification are presented including XPS, HREELS, SPFS, Raman and FTIR spectroscopy as well as UPS with specific examples to demonstrate 
their importance. In addition, the mechanisms of fluorescent and non-fluorescent biotinylation of thiolated Au films and silanized SiO2 are 
discussed considering its importance in conjugating biomolecules such as enzymes, antibodies or chemokines onto surfaces, which carries high 
significance for biosensing applications. Finally, within this frame characterization routes towards ensuring effective attachment are discussed. 
 





HERE has been extensive research in the area of self-
assembled monolayers (SAMs) within the frame of 
biosensor surface functionalization.[1–3] SAMs are two-
dimensional nanomaterials that form spontaneously on a 
variety of solid surfaces in a highly ordered fashion, through 
the process of self-assembly of their molecular com-
ponents.[4–7] In particular SAM formation is one of the 
simplest approaches in achieving thermodynamically stable 
monolayers through strong chemisorption that is in 
contrast to Langmuir-Blodgett and other techniques that 
lead to physisorption and unstable mono or multilayer 
films.[8] Specifically, in SAMs the adsorption of a surfactant 
with a specific affinity leads to the chemisorption of head 
groups onto a substrate from either the vapor or liquid 
phase, followed by the slow organization of tail groups. In 
particular, at low molecular densities, the adsorbed 
molecules result in a more disordered phase, while as the 
density increases molecules can form a 2-dimensional 
phase.[9,10] Over longer timescales, from minutes to hours, 
semicrystalline or 3-dimensional crystalline structures can 
form.[11] The simplest approach for the formation of such 
unimolecular organic films is via immersion of e.g. a noble 
metal surface in a dilute solution of the organic molecule at 
ambient conditions. In general, SAM formation is one of the 
simplest and most effective routes towards achieving organic 
films, utilizing both aliphatic and aromatic molecules that 
contain functional groups such as SH, –CN, –COOH, –NH2 as 
well as silanes on selected metallic (Au, Cu, Ag, Pd, Pt, Hg, 
and C) or semiconducting surfaces (Si, GaAs, ITO, etc).[12] 
 In particular, organic SAMs are widely used in 
biosensor fabrication due to their flexibility of design and 
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SAMs are indeed a powerful and flexible approach in 
immobilizing proteins, enzymes, DNA etc on solid surfaces 
providing one of the most suitable functional interlayers.[13] 
Currently some of the most widely used SAMs in biosensing 
are thiols on Au surfaces and alkylsilanes on oxides, due to 
their relatively straightforward preparation leading to 
densely packed monolayers.[16] Generally, both types of 
thiols (R–SH or –C–SH)[14,15] and silanes (R-Si(OH)3) are 
strong surface anchors leading to chemisorption with the 
former binding well to metals, such as Au, Ag, Pt and Cu, 
while the latter binding preferably to surfaces such as SiO2, 
indium tin oxide (ITO) and TiO2. It is noted that within 
molecular immobilization chemisorption does not neces-
sarily entail the presence of a full covalent bond, but also 
refers to charge-transfer (CT) complexes. In general, 
surface functionalization requires the creation of an 
appropriate surface chemistry using a number of different 
molecular components in specific order. Within this frame 
surface anchors provide stable binding to the substrate 
material while spacers screen all interactions between 
target and substrate. Finally, a functional unit, otherwise 
called the recognition element is used to selectively 
capture the target (Figure 1a). We note that nanoscale 
biosensors can consist of more than one, i.e. two different 
substrate materials and thus require variations in the 
functionalization process (Figure 1b). 
 In the case of thiols on Au-substrates, we have the 
irreversible binding of the thiol group to the Au surface 
whose thickness is in the nm scale (Figure 2). 
 Thiols are organosulfur compounds expressed with 
the general chemical formula (–C–SH or R–SH). In general, 
a sulfhydryl or thiol group (–SH) is bonded to carbon 
containing atoms, such as alkanes which are represented as 
R. During thiolation clean metal surfaces such as Au are 
immersed for 12–18 h in dilute ethanolic solutions of thiols 
(1–10 mM at room temperature) in order to prepare 
SAMs.[17] In order to minimize defects in SAM formation 
and maximize the layer density, a slow reorganization 
process of hours is recommended. In general, there is a 
preference to Au substrates as they form good quality 
SAMs, and also Au does not react with atmospheric O2 
being an inert metal. Once thiol molecules react with an Au 
film an interface of approximately 2 nm thickness is 
formed. In Figure 3, a simple alkanethiol molecule is 
depicted as it attaches to the Au surface. The anchoring on 
the Au substrate is achieved by the sulfur binding group, 
while the C12 alkanethiol chain, i.e. the spacer, consists of 
the methylene groups (–CH2–). The head group or other-
wise the functional group, allows to target the desired 
molecules selectively producing the desired surface 
chemistry. 
 Moreover, sulfur containing polymers have also been 
reported to adsorb directly to a gold surface. In particular 
according to Tam-Chang et al.,[20] poly(3-octylthiophene) 
 
Figure 1. (a) The different molecular components required 
to create a biosensor surface: anchor, spacer and functional 
unit (b) working with more than one substrate material.[16] 
 




Figure 3. (A) The linking of the sulfur group to the Au substrate with the functional (head) group allowing for the desired surface 





 L. G. BOUSIAKOU et al.: Determination of Au Film Thiolation and Silane Bonding Onto SiO2 Films … 3 
 




(POT) can form a stable self-assembled film on Au electrodes. 
Furthermore, the insulating POT layer can be converted to a 
conducting film upon doping with chemical oxidants such as 
iodine. 
 We note that surface gradients in SAMs (Figure 4) 
allow for physiochemical property variations that can 
evolve in time and provide a mechanism for further 
modulation of the interfacial properties. In general, such 
surface gradient manipulation allows for the presence of a 
wide range of properties in single specimens leading to the 
simultaneous analysis of several parameters without the 
need of using numerous samples.[6] 
 In the case of silanization (R–Si(OH)3) of silicon 
dioxide (SiO2) film substrates, silanes are utilized. In 
particular, silane molecules[21,22] contain silicon (Si) at the 
center of the molecule which attaches to two functional 
groups, denoted as (R) and (X) (Figure 5). In this case (R) 
represents an organic functional group (e.g. vinyl, amino, 
chloro, etc.) which attaches to organic resins, while (X) can 
hydrolyze producing silanol, leading to siloxane or metal 
oxide bonds with inorganic substrates. 
 Silanization of biosensor surfaces (Figure 6) usually 
involves the covalent attachment of primary amines such 
as APTES (3-aminopropyl trimethoxy silane) to silica thin 
films using coupling agents (di-alkoxy silanes, mono-alkoxy 
silanes, tri-alkoxy, etc.). The most preferable inorganic 




DETERMINING THE PRESENCE OF 
THIOLS (R–SH OR –C–SH) ON  
Au SUBSTRATES  
In general, both spectroscopic and microscopic techniques 
are commonly employed in order to characterize the SAMs 
on solid surfaces. Raman spectroscopy is a chemical 
fingerprinting technique that can determine the presence 
of thiols on Au surfaces, in form of vibrational spectra, with 
little sample preparation and at a low cost. In particular 
surface enhanced Raman spectroscopy (SERS) can provide 
an enhanced signal (104–106 orders) due to surface 
plasmon contributions especially on noble metal surfaces 
such as Au, Ag and Pd whose roughness is in the nm 
scale.[26–29] Additionally, a number of other characterization 
techniques[17] such as X-ray photoelectron spectroscopy 
(XPS), high resolution electron energy loss spectroscopy 
(HREELS) and time of flight secondary ion mass 
spectrometry (ToF-SIMS)[30] have also been used to provide 
chemical state analysis of thiolated Au surfaces.[31] 
 Other approaches in SAM characterization include 
ellipsometry that measures SAM thickness, while order and 
orientation of molecules can be examined using Near Edge 
X-ray Absorption, Fine Structure (NEXAFS)[32] and Reflection 
Absorption Infrared Spectroscopy (RAIRS).[33,34] Further-
more, Scanning Tunneling Spectroscopy (STM) and atomic 
force spectroscopy (AFM) can be used to examine SAM 
structure.[35] In particular, STM can image the shape, spatial 
distribution, terminal groups and their packing structure. 
Moreover, even though AFM[36] is used primarily to 
measure sample topography, it has been also used by 
Langry et al.[37] in force calibration mode in order to 
measure the tensile stress of thiols bonded to Au surfaces. 
 An alternative characterization instrument for 
measuring the self-assembly in real time is dual-
polarization interferometry (DPI) where the refractive 
index, thickness, mass and birefringence of the self-
 
 
Figure 5. Silane attachment to organic and inorganic 
substrates.[22] 
 
Figure 6. Schematics representation of a silane films (SAMs) 
on a SiO2 / Al2O3 substrate using an (a) idealized APTES and 
(b) multilayered APTES.[25] 
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assembled layer can be quantified at high resolution.[38,39] 
The kinetics of adsorption and temperature induced 
desorption as well as information on structure can also be 
obtained in real time by ion scattering techniques such as 
low energy ion scattering (LEIS) and time of flight direct 
recoil spectroscopy (ToF DRS).[40] 
Surface Enhanced Raman Spectroscopy 
Garrell et al.[41] demonstrate the use of SERS in inves-
tigating the interactions of aromatic thiols, i.e. Benzene-
thiol (BT) and benzenemethanethiol (BMT) on roughened 
Au electrode surfaces (Figure 7). The aim is to investigate 
further the behavior of thiols that are known to adsorb 
dissociatively on gold, i.e. with cleavage of the S–H bond. In 
particular, the Au electrode is initially immersed in an 
ethanol solution of the thiol, where the analyte concen-
tration is 1 mM and then placed in 0.1 M KCl prior to the 
acquisition of the SER spectra. 
The normal and surface enhanced Raman spectra of 
neat and aqueous benzenethiol are presented in Figure 8. 
 In the neat BT spectrum (–600mV) the bands at 617 
cm–1 and 699 cm–1 are due to the C–S stretching vibration, 
while they both shift downward by about 8 cm–1 in the 
surface enhanced Raman spectrum. Additionally, the 
δ(CSH) and v(SH) stretching vibrations which are present in 
the aqueous BT spectrum at 917 cm–1 and 2561 cm–1 
disappear in the SER spectrum. These changes are evidence 
that BT adsorbs dissociatively from ethanol onto gold. 
Furthermore, the band at 359 cm–1 is due to the Au-S 
stretching vibration; it’s frequency depends on the applied 
potential. In the case of BMT, the Au–S stretching vibration 
appears at 309 cm–1 in the –600mV spectrum (Figure 9). 
 In a full analysis of the Raman and SER spectra of 
BMT on Au[42] it is noted that the δ CSH and v SH modes do 
not appear in the SER spectra as in the case of BT, 
suggesting again that BMT adsorbs dissociatively on gold 
through the sulfur atom. Furthermore, an intense spectrum 
in the C–H stretching region of the SER spectrum can 
provide further information on the orientation of the BMT 
attachment on the surface, i.e. suggesting that BMT 
attaches at an angle on the Au surface, rather than 
adsorbing almost flat as it does on Pt (111).[43] Moreover, 
any variations in the SER spectrum between +500 mV and 
–600mV are due to orientation changes in the BMT 
molecules that lead to stronger interactions between its 
rings and the Au surface. Any shift back to the –600mV 
potential does not received the original spectrum, which 
suggests changes in the surface coverage. Finally, BMT, like 
BT, desorbs at a potential between +800 and +1000 mV, 
and between –1000 and –1200 mV. 
 
 




Figure 8. Normal and surface enhanced Raman spectra of 
neat (A) and aqueous (B) benzenethiol.[41] 
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X-ray Photoelectron Spectroscopy (XPS) 
and Ultraviolet Photoelectron 
Spectroscopy (UPS) Studies 
Photoelectron spectroscopy allows for the study of surface 
elements, providing information about their chemical and 
electronic states. In particular, XPS, studies the emission of 
photoelectrons using soft-rays (200–2000) eV, while UPS[44] 
uses UV radiation (10–45) eV. In general, XPS can identify 
the characteristic binding energy, i.e. the work function of 
each surface element, at a depth of about 10 nm, giving rise 
to a set of peaks in the photoelectron spectrum. The 
intensity of these peaks can give an estimate of the element 
concentration in the sampled region. Additionally, depen-
ding on the operational mode, information can be inferred 
on the chemical bonding of the surface elements as well as 
their electron states.  
 Castner et al.[45] studied the adsorption of thiol and 
disulfide molecules on the surface of Au substrates, using 
XPS. Especially they monitored the S2p3/2 binding energy 
(BE) to provide evidence on SAM formations, establishing 
that in the case of unbound thiol or disulfide species, the 
S2p3/2 binding energy ranged from 163.5–164 eV, while 
upon binding, it decreased to 162 eV. Figure 10 shows the 
XPS spectra for C16–SH (CH3(CH2)15–SH) and F8 thiol 
(CF3(CF2)7–C(O)N(H)(CH2)2SH) adsorbed onto an Au surface, 
which are consistent with the above described obser-
vations. We note that the presence of unbound thiol 
molecules signifies that they are partially penetrated into 
the self-assembled monolayer or they exist lying on top of 
it. Usually this occurs when poor solvents have been used 
for the preparation of thiol adsorption solutions, for 
instance use of ethanol for long chain alkanethiols. 
Additionally, unbound thiols can remain at the surface of a 
bound thiolate SAM when no rinsing has taken place. 
 UPS has been used to detect the presence of Au 
surface thiolation by studying the kinetic energy spectrum 
of the photoelectrons emitted by the molecules after UV 
irradiation. Alloway et al.[46] studied the UV photoemission 
spectra in the case of a clean Au surface. In this example an 
Au surface has been thiolated using the following 
alkanethiols: H3SH, H8SH, H10SH, and H18SH. Figure 11 
shows the characteristic shift (Δ) in the kinetic energy. 
High-resolution Electron Energy Loss 
Spectroscopy (HREELS)  
Rousseau et al.[47] used high-resolution electron energy loss 
spectroscopy (HREELS), that is a sensitive surface science 
technique that looks at the energy losses of inelastically 
scattered electrons on the sample surfaces even at the 
MeV range, in order to study alkane thiolate SAMs on Au 
(111) surfaces. Particularly in this case the study was on the 
transformation of an initially weakly adsorbed dimethyl 
disulfide (DMDS) layer on Au (111) at T < 150 K into chemi-
sorbed methylthiolate (MT) SAMs by heating at tem-
peratures above 200 K.  
 The HREEL spectrum (Figure 12.) of the DMDS 
adsorbed layer at 100 K shows a large peak at 16 MeV 
associated to the Au–S stretching mode that is absent in the 
MT spectrum. The remaining bands at higher frequencies 
show a similarity to the MT layer without any further peaks 
present. At 250 K, we note that there is a red-shift of the 
Au–S stretching mode to 30 MeV. This red-shift of the  
Au–S stretching mode of the DMDS layer, relative to that of 
MT, indicates that the Au–S interaction in the former is 
weaker than in the latter. 
 
Figure 10. The XPS (S2p) spectrum for C16SH (hexadecane 
thiol) and F8 thiol (perfluorooctyl-thiolate) adsorbed onto 
an Au surface.[45] 
 
Figure 11. The UPS spectra for a clean gold surface and one 
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CHARACTERIZATION PROCESS:  
DETERMINING THE PRESENCE OF 
SILANES (R–Si(OH)3) ON SILICON  
DIOXIDE (SiO2) SUBSTRATES  
The silanisation of SiO2 surfaces can be determined using a 
number of non-destructive surface science techniques as 
introduced previously, such as Raman spectroscopy, SERS 
and HREELS. Additionally, the use of Fourier transform 
infrared spectroscopy (FTIR) along with XPS can also 
provide valuable information on the surface chemistry of 
our samples, while AFM and STM can be utilized primarily 
for topological studies.  
Fourier Transform Infrared Spectroscopy 
(FTIR) 
Fourier Transform infrared spectroscopy, is a very useful 
chemical analysis technique, allowing us to obtain the 
infrared (IR) spectra, near to far IR, of a sample by collecting 
its interferogram and then performing its Fourier 
transform.[48] 
 Cherkouk et al.,[49] used FTIR to study the silanization 
procedure of SiO2 surfaces using APMS (3-Aminopropyl 
trimethoxysilane) and tri-amino-APMS (N’-(3-trimethoxy-
silyl)-propyl)-diethylenetriamine) coupling agents using a 
spray and spin coating method in a nitrogen atmosphere at 
room temperature for 10 min. As seen in Figure 13, a peak 
appears at 1060 cm–1 is due to the asymmetric stretching 
mode (Si–O–Si) from the silica substrate that shifted to 
1040 cm–1 upon APMS film formation. 
 Additionally, the Si–O–CH3 part of the propyl group 
of APMS and triamino-APMS lead to a second peak at 1110 
cm–1 and at 1100 cm–1 respectively, as well as to further 
peaks at 2935 cm–1 and 2880 cm–1 belonging to the 
symmetric and asymmetric stretching mode. Furthermore, 
the free R–NH2 on the silica surface gives rise at a signal at 
1565 cm–1, while at 1630 cm–1 there is a signal due to 
positively charged ammonia (NH3+). Thus the film 
deposition with APMS and triamino-APMS results in 
covalent binding of the methoxy part of the molecular 
structure to the surface. 
Raman Scattering and X-ray 
Spectroscopy (XPS) Studies 
The silanisation of the SiO2 surface with AMPS has also 
been studied by Cherkouk et al.[49] using Raman spectr-
oscopy (Figure 14) showing a presence of the valence 
stretching modes v(NH2) and v(CHx) at 2810 cm–1 and 2890 
cm–1 respectively. Furthermore, deformation bands of the 
δ(CH) mode appear at 1456 cm–1, 1410 cm–1, 1312 cm–1, 
and at 1140 cm–1. These features as argued by Cherkouk  
et al. reveal good coverage of the SiO2 surface. 
 
Figure 13. The normalized Fourier transform infrared 




Figure 12. The HREEL spectrum of dimethyl disulfide at  
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 Similarly, XPS analysis[49] of the samples showed 
that when silanized by APMS or triamino-APMS using the 
spray and spin coating method, the Si0 signals coming 
from SiO2 significantly weaken compared with those from 
the untreated SiO2, which is an indication of the surface 
coverage. Other XPS studies[50] on the modification of 
silica by 3-aminopropylethoxydimethylsilane (APTS) and 
3-aminopropylethoxydimethylsilane (APREMS) showed 
that the polymerization of aminosilanes and consequently 
the thickness of the aminosilane layer depend on the 
number of possible bonding sites of the aminosilane 
molecule. In particular, the XPS spectra of the elements 
(Si, C, O and N) were identified and their concentrations 
calculated. In general, an increase in the C concentration 
and the appearance of an N peak in the XPS spectra show 
successful bonding of the aminosilane molecules to the 
surface. 
 Typical high-energy resolution N 1s and Si 2p spectra 
in this case are shown in Figures 15 and 16 below. In the 
N1s spectra two different components are identified 
related to NH bonds, i.e. the –NH2 component which 
corresponds to a binding energy (BE) of 399.2 eV and the  
–NH3+ component which corresponds to BE = 401.0 eV. The 
ratio of the –NH2 /–NH3+ components provides us with 
information on the interactions present on the silicon 
substrate upon APTMS silanisation. 
 In the study of the Si 2p XPS spectrum four 
components are identified as can be seen in Figure 16. 
 The Si–Si bonds originating from the bulk silicon 
wafer beneath the oxide layer correspond to the 99.3 eV 
and 99.9 eV peaks. Additionally, the presence of the 
aminosilane on the SiO2 surface corresponds to the 102.2 
eV peak, while the 103.0 eV peak corresponds to the SiO2 
in the oxide layer.  
 
FLUORESCENT AND  
NON-FLUORESCENT BIOTINYLATION  
OF THIOLATED Au SURFACES AND  
SILANIZED SILICON OXIDE FILMS  
Biotin labelling is frequently used as a non-radioactive 
labelling of proteins and other target molecules, utilizing 
the stable, non-covalent interaction between biotin and 
either avidin, streptavidin or the neutravidin protein. 
Significant work within life science is currently devoted to 
the study of organic films containing biotin ligands that can 
allow for countless applications in fields such as affinity 
chromatography, immunoassays and biosensing.[51] In 
general, the biotin-(strept)avidin system is a widely used 
intermediate between the surface and the active biolayer. 
It is also employed as a model system to study biorecog-
nition events between proteins and other biomolecules. 
Moreover, biomolecules such as proteins and DNA can be 
easily biotinylated and bound to (strept)avidin coated 
surfaces.  
 Within biosensing,[52] IR biosensors have been 
investigated with the functionalization of Au substrates 
with thin organic films containing biotin ligands, while in 
electrochemical biosensing the avidin-biotin system has 
been used for the fabrication of enzyme sensors in relation 
to the preparation of enzyme thin films in which enzymes 
are assembled into a layer-by-Iayer structure composed of 
monomolecular layers. 
 Earlier studies have shown that avidin binds to 
biotin, 8-oxodeoxyguanosine and related bases (Figure 17). 
These features of biotin and avidin are shared by 
streptavidin and the neutravidin protein. In particular,  
the binding of biotin to avidin is the strongest non-covalent 
interaction known with a dissociation constant Kd ≅ 10–15 M. 
Furthermore, avidin, streptavidin and the neutravidin 
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 In general, the key feature in the recognition of 
biotin is the ureido functionality[54] which is highlighted in 
Figure 17. The ureido group allows for the formation of 
hydrogen bonds with asparagine, serine, tyrosine, and 
threonine residues in avidin providing stability to the 
complex. Furthermore, its valeric acid side chain can be 
derivatized in order to incorporate various reactive groups 
that facilitate the addition of a biotin tag to other molecules 
(Figure 18). 
 The streptavidin attachment to biotinylated surfaces 
provides both increased stability and organization of the 
streptavidin film at the surface. A study employing both 
surface plasmon resonance (SPR) and quartz crystal 
microbalance with energy dissipation monitoring (QCM-D) 
demonstrated that a streptavidin layer bound to a surface 
via biotin contained fewer trapped water molecules and 
was hence more compact than a streptaviding layer 
attached covalently to a surface, suggesting greater org-
anization of the streptavidin surface bound via biotin.[56] In 
general, biotinylation is rapid, specific and unlikely to 
disturb the natural function of the molecule it attaches due 
to the small size of biotin (MW = 244.31 g /mol). Further-
more, biotin labelling is resistant to pH variations, high salt 
concentrations, heat extremes and denaturants, making 
the capture of biotinylated molecules possible in a wide 
variety of environments.  
Determining the Attachment of Biotin to 
Thiol Groups 
In this section, we shall investigate the attachment of biotin 
to thiolated Au-thin films. In particular we shall determine 
the biotin bonding to the thiol groups both in the absence 
of fluorescence as well as in the presence of fluorescent 
tagging.  
 
AN INVESTIGATION OF NON-FLUORESCENT 
BIOTINYLATION  
A widely used biotinylation reagent that is sulfhydryl 
reactive is biotin-maleimide (Figure 19). In particular 
maleimide reacts with reduced thiols groups attaching 
biotin to thiol containing molecules through a stable 
thioether bond.[57] The presence of PEG spacers increases 
the water solubility of the biotinylated molecule as well as 
suppressing the non-specific binding of target molecules to 
the surface. 
The biotinylation of the surfaces can be accurately 
determined using characterization techniques such as 
infrared spectroscopy and X-ray photoelectron spec-
troscopy (XPS). In particular Booth et al.[58] synthesized 
biotinylated thiol, namely 11-mercaptododecanoic-(8-
biotinoyl-amido-3,6-dioxaoctyl) amide) as seen in Figure 
20 and then used it to form multilayer films on an Au 
surface. 
 
Figure 20. The biotin-thiol: (11-mercaptododecanoic-(8-biotinoyl-amido-3,6dioxaoctyl)amide). 
 
 
Figure 19. The biotin maleimide molecule incorporating a 
hydrophilic PEG arm and the thioether bond. 
 
Figure 18. The valeric acid chain.[55] 
 
 
Figure 17. The biotin, 8-oxodeoxyguanosine and 8-oxode-
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 In Figure 21 the IRAS spectrum of the film is depicted 
showing the biotin-thiol bond on an Au surface. In 
particular the peak at 1705.81 cm–1 corresponds to the 
amide vibration (amide I) of the urea group (predominantly 
the C=O stretching mode) while the peak at 1556.24 cm–1 
corresponds to the amide II mode representing the out of 
phase combination of N-H in plane bending as well as C–N 
stretching vibrations. 
 Furthermore, XPS spectra are also recorded 
displaying an N-1s peak (Figure 22) both in the case of the 
biotin-thiol, but also of a biotinylation cholesterol derivate, 
namely 11-mercaptoundecanol. Additionally, a mixture of 
the two is investigated using XPS (N-1s peak). 
 In the case of the 11-mercaptoundecanol there is no 
signal corresponding to the N-1s peak in contrast to the 
biotin-thiol whose N-1s signal is the most prominent due to 
the nitrogen in the urea and amide groups of the molecule. 
We note that XPS showed further peaks corresponding to 
carbon, oxygen, carbon and sulfur in all cases. 
 
AN INVESTIGATION OF FLUORESCENT BIOTINYLATION 
Fluorescence is a non-destructive way in life sciences for 
tracking and analyzing molecules. Apart from intrinsic 
fluorescence which is a natural property of some proteins 
and cell molecules, there is also extrinsic fluorescence 
where fluorophores, i.e. fluorescent dyes are used as labels 
for tracking and quantification purposes.[59] For example, 
the intensity of the emitted light from a fluorophore used 
to label a protein is proportional to the amount of the 
protein present. Furthermore, fluorophores have addit-
ional properties that can be utilized such as fluorescence 
resonance energy transfer (FRET, where the non-radiative 
energy transfer to a specific neighboring dye allows the 
detection of protein activation. Furthermore, property 
changes due to environmental conditions, e.g. intensity in 
certain dyes, make them appropriate for use in structural 
studies.[60] 
Albeit the majority of works discuss the attachment of the 
fluorophore to the analyte, i.e target molecule, this can be 
at times either impossible or could lead to a risk of changing 
the interaction characteristics with affinity partners. Thus, 
a number of bioaffinity studies focus on the attachment of 
the fluorophore to the sensors surface functional group. In 
particular fluorescein-5 maleimide (Figure 23) can be used 
for this purpose, allowing both to quantitate available 
biotin binding sites, as well as the concentration of avidin 
or streptavidin due to the strong quenching effect when its 
molecule binds to avidin. 
 Ebner et al., showed the quantitation of biotin 
binding sites, using the biotin-4-fluorescein dye.[62] In 
particular, using fluorescence intensity and the concen-
tration of biotin-binding protein the quantitation of 
available biotin binding sites was calculated. This was done 
for a specific amount of biotin-4 fluorescein, i.e. 8 nM, using 
the effect of fluorescence quenching upon binding to 
streptavidin (red), avidin (dark blue), streptavidin 
conjugates of the Alexa Fluor dye (orange) and alkaline 
phosphatase (light blue) as can be seen in Figure 24. 
 Fluorescently labeled biotins can also be used for the 
direct visualization of tagged proteins via fluorescence 
microscopy as can be seen in Figure 25. Using a light source 
of much higher intensity compared to the conventional 
 
Figure 22. XPS spectra of the N-1s peak in the case of the 
following SAMs a. 100 % 11-mercaptoundecanol b. mixed 
(20 % biotin thiol and 80 % 11-mercaptoundecanol and c. 
100 % biotin thiol as displayed in Figure 20.[58] 
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light microscope, the fluorophores on the sample are 
excited. As a result, there is emission of longer wavelength 
light (lower energy) that leads to image magnification. It 
should be noted that the image obtained is not based on 
the light used to illuminate the sample, but rather from the 
emission wavelength of the fluorescent dye. 
Furthermore fluorophore tagged biotin has been 
also studied within surface plasmon field enhance 
spectroscopy (SPFS). In particular SPFS excites the surface 
confined fluorophores using the enhanced electromagnetic 
field of the surface plasmon modes. In metal-dielectric 
interfaces, such as Au-water (buffer) we note that the 
surface plasmon evanescent field is enhanced by a factor of 
16 leading to a strong fluorescence signal that accompanies 
binding events. SPFS in particular has shown promising 
results, leading to an enhanced signal compared to surface 
plasmon resonance by detecting binding to surfaces 
containing extremely diluted antigen density.[65,66] 
Attaching Biotin to Silane Groups 
Biotinylated molecules can also be immobilized on a 
silanized surfaces, such as silanized glass, ITO, or tin-doped 
indium oxide substrates for cell micropatterning and 
immunosensor development. In the area of optical 
biosensing, the attachment of biological probes to silica 
using silane coupling agents has been also successfully 
utilized in the Whispering Gallery Mode (WGM) optical 
 
Figure 23. (a) Fluorescein-5 maleimide,[61] is a green fluorescent thiol-reactive dye (b) Fluorescein-5 maleimide under UV 
irradiation with peak excitation at 494 nm and peak emission at 521 nm. 
 
 
Figure 25. Fluorescence microscopy: the basic set up.[64] 
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microresonator biosensors. WGMs are a powerful tool for 
targeted detection of analytes at extremely low 
concentrations and although they can be fabricated in 
several geometries from a variety of material systems, the 
silica microsphere is the most common.[67,68] Silica surface 
chemistries may be applied to attach probe molecules to 
their surfaces. In particular, Soteropoulos et al.[69] used the 
avidin-biotin analyte-recognition element system, in 
conjunction with PEG non-fouling elements, in order to 
explore the extent of non-specific adsorption of lysozyme 
and fibrinogen at multiple concentrations, as well as the 
ability to detect avidin in a concentration-dependent 
fashion.  
 
AN INVESTIGATION OF NON-FLUORESCENT 
BIOTINYLATION OF SILANE GROUPS 
In general, a biotinylation reagent commonly used to 
modify surfaces such as glass or silica is the biotin carrying 
silane PEG (PEG-Si) (Figure 26) which is an ethoxyl or 
methoxyl silane functionalized polyethylene glycol. In 
particular it attaches to the SiO2 film surfaces via a reaction 
between the hydroxyl groups and ethoxyl or methoxyl 
silane. 
 Lapin et al.[70] studied the biotinylation of silicon 
oxide surfaces using FTIR in order to provide direct 
information about the bonds formed during surface 
reactions. In particular, they functionalized silicon oxide 
surfaces using APTES (3-aminopropyltriethoxysilane) 
molecules which form covalent bonds to the surface 
forming a 3-aminopropylsiloxane (APS) film as seen in 
Figure 27. Finally, biotin-NHS (3-sulfo-N-hydroxysuccin-
imide ester sodium salt biotin) was bound covalently to the 
amine-terminated surface forming amide bonds. 
 In Figure 28. representative FTIR spectra is displayed 
for the biotinylation process of the APS surface which leads 
to covalent bonding (chemisorption). 
  We note that when the amine-terminated surface 
interacts with biotin-NHS a peak appears at 1540 cm–1 
which is assigned to the N-H bend and C-N stretch of the 
amide II bands, while the peak at approximately 1660 cm–1 
is assigned to the C=O stretch of the amide I vibrational 
modes, revealing the formation of an amide bond between 
biotin and the surface. Other bands at 1240 cm–1, 1465 cm–1 
and 1700 cm–1, appear both in the chemisorbed and 
physisorbed biotin-NHS, suggesting they correspond to the 
alkyl chain and biotin fused rings of the biotin-NHS which 
are non-chemically reactive. In particular, the 1465 cm–1 
peak corresponds to the CH2 scissor mode of the alkyl chain 
which links the biotin fused rings to the NHS moiety, while 
the 1700 cm–1 peak describes the ureido carbonyl stretch 
mode of biotin-NHS. Furthermore, the 1240 cm–1 frequency 
band is associated with the biotin ureido group. 
Chen et al.[71] also used a ToF-SIMS operating in the 
event-by-event bombardment/detection mode to charac-
terize avidin-biotin assemblies on silane-modified glass 
substrates. SIMS was used to analyze several variants of the 
biointerface, including avidin physically adsorbed on a 
monofunctional acryl silane surface and covalently 
attached on a mono-functional (amine terminated) and a 
bi-functional (amine and acryl terminated) silanes. The goal 
of these studies was to determine the density of avidin and 
biotin layers chemical or physically adsorbed on silanized 
glass substrate.[72] Other approaches that have been used 
in literature include ellipsometry, contact angle mea-
surement, fluorescence microscopy, and optical resonator 
characterization methods to study non-specific adsorption, 
the quality of the functionalized surface and the bio-
sensor’s performance.  
 
 
Figure 28. FTIR spectra of an APS biotinylated (Biotin-NHS) 
surface using chemisorption.[70] 
 
Figure 27. Attaching biomolecules to silicon oxide surface.[70] 
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A FLUORESCENT BIOTINYLATION OF SILANE GROUPS 
Fluorescent biotin conjugates can be used in a similar 
manner for the quantitation of available biotin-binding 
sites as well as the concentration of Avidin or Streptavidin 
upon binding. For this purpose, fluorescein isothiocyanate 
(FITC) can be attached to biotin carrying silanes, such as  
A-AM silane (N-2 (aminoethyl)-3-aminopropyltrimethoxy-
silane) or B-AM silane (N-phenyl-3-aminopropyltrimeth-
oxysilane). In particular FITC is obtained by the funct-
ionalization of the fluorescein molecule by an isothio-
cyanate reactive group (–N=C=S) as seen in Figure 29. The 
imaging of fluorophore tagged biotin on silanized surfaces 
can be done using fluorescent microscopy and surface 
plasmon field enhanced spectroscopy (SPFS) following the 
same principles that were described in the characterization 
of fluorophore tagged biotin on thiolated surfaces.  
 In another study, Isoda et al.,[73] presented a method 
to prevent denaturation of biopolymers, by trapping a 
polynucleotide on a substrate by hydrogen bonding using 
silica particles with surfaces modified by aminoalkyl chains. 
The amino groups introduced on the surface can interact 
with single-stranded nucleic acids through hydrogen 
bonding, resulting in a conjugate between a polynucleotide 
and inorganic material. After, preparation the functional 
groups on the surface of the aminoalkylated SiO2 particles 
were qualitatively analyzed by Fourier transform infrared. 
The substitution of aminoalkyl chains on the SiO2 surface 
was further confirmed by fluorescence labeling using FITC. 
The single-stranded nucleic acid trapped to the silica 
particle was further interacted by an acridine orange 
derivative as a fluorescent label, allowing changes in 
fluorescence intensity originating from interactions 
between the single-stranded nucleic acid and aromatic 
compounds to be investigated. 
CONCLUSIONS 
Surface modification techniques focusing on Au thiolation 
and salinization of SiO2 surfaces were presented in this 
paper, with a focus on creating primarily platforms in the 
fabrication of biosensors. Both types of thiols and silanes 
are shown to be strong surface anchors providing stability 
to SAMs which is critical to withstanding subsequent 
processing and measurement conditions. In general, there 
is a lot of scope in SAMs towards providing better surface 
passivation, prevent oxidation, aid or prevent wetting and 
help with reducing the denaturation of biomolecules on 
biosensors surfaces as well as increasing the lifetime and 
efficiency of biosensing systems. Additionally, subsequent 
surface biotinylation was reviewed as an important tool for 
attaching a variety of molecules to surfaces, via the strong 
affinity association constant of 1015 M−1 with avidin, 
allowing for countless applications within life sciences. In 
general, the performance of the biosensor is highly 
dependent on the substrate material used and its careful 
modification and verification proper adhesion of the SAM 
monolayer as well as further successful biotinylation. In this 
regard, predominantly spectroscopic and microscopic techn-
iques are commonly employed for characterization purposes.  
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